APPLIED AND ENVIRONMENTAL MICROBIOLOGY, Mar. 2000, p. 1038–1049
0099-2240/00/$04.00⫹0
Copyright © 2000, American Society for Microbiology. All Rights Reserved.

Vol. 66, No. 3

Highly Ordered Vertical Structure of Synechococcus Populations
within the One-Millimeter-Thick Photic Zone of a Hot Spring
Cyanobacterial Mat
NIELS BIRGER RAMSING,1* MIKE J. FERRIS,2

AND

DAVID M. WARD2

Department of Microbial Ecology, Institute of Biological Sciences, University of Aarhus, DK-8000 Aarhus C,
Denmark,1 and Department of Land Resources and Environmental Sciences, Montana State University,
Bozeman, Montana 597172
Received 5 May 1999/Accepted 15 October 1999

A variety of contemporary techniques were used to investigate the vertical distribution of thermophilic
unicellular cyanobacteria, Synechococcus spp., and their activity within the upper 1-mm-thick photic zone of the
mat community found in an alkaline siliceous hot spring in Yellowstone National Park in Wyoming. Detailed
measurements were made over a diel cycle at a 61°C site. Net oxygenic photosynthesis measured with oxygen
microelectrodes was highest within the uppermost 100- to 200-m-thick layer until midmorning, but as the day
progressed, the peak of net activity shifted to deeper layers, stabilizing at a depth of 300 m from midday
throughout the afternoon. Examination of vertical thin sections by bright-field and autofluorescence microscopy revealed the existence of different populations of Synechococcus which form discrete bands at different
vertical positions. Denaturing gradient gel electrophoresis analysis of PCR-amplified 16S rRNA gene segments
from horizontal cryosections obtained at 100-m-thick vertical intervals also suggested vertical stratification
of cyanobacterial, green sulfur bacterium-like, and green nonsulfur bacterium-like populations. There was no
evidence of diel migration. However, image analysis of vertical thin sections revealed the presence of a narrow
band of rod-shaped Synechococcus cells in which the cells assumed an upright position. These upright cells,
located 400 to 800 m below the surface, were observed only in mat samples obtained around noon. In mat
samples obtained at other time points, the cells were randomly oriented throughout the mat. These combined
observations reveal the existence of a highly ordered structure within the very thin photic zone of this hot
spring microbial mat, consisting of morphologically similar Synechococcus populations that are likely to be
differentially adapted, some co-occurring with green sulfur bacterium-like populations, and all overlying green
nonsulfur bacterium-like populations.
are interested in how these populations are distributed in the
mat and how they function.
By correlating the distribution of genetic variants and essential physical and chemical parameters in the environment, it
has been possible to gain insight into the ecophysiological
adaptations of these populations. Ferris et al. (9, 12) showed
that the diversity revealed by denaturing gradient gel electrophoresis (DGGE) analysis of rRNA gene segments from samples taken at different temperatures was likely due to highly
ordered temperature-adapted populations of (i) Synechococcus sp. (consistent with earlier work on thermophilic strains by
Peary and Castenholz [37]) and (ii) green nonsulfur bacteriumlike bacteria (consistent with the work of Bauld and Brock [2]).
It is thus apparent that temperature is a controlling factor
regulating species distribution along the effluent channels
where the spring water slowly cools.
We hypothesized that the vertical distribution of bacterial
populations might show similar zonation. Microbial mats are
laminated structures that are believed to be the modern analogs of stromatolite-forming mats that dominated shallow water communities during the Precambrian era (6). Their layered
or laminated appearance is evident, even macroscopically,
when viewed in cross section (53). Microelectrode analyses of
microbial mats have demonstrated that strong vertical gradients of physical and chemical parameters such as oxygen or
hydrogen sulfide concentration and light, exist at scales relevant to microorganisms (24, 27, 42–45). Further, it has been
shown that the microscopic biota change in a physiologically
meaningful fashion along these gradients and their diel varia-

Hot spring microbial mats are ideally suited as model systems for studying general principles of microbial diversity and
community ecology (49) because their apparent complexity is
low compared to other environments. The lack of predation
and grazing by eukaryotic organisms makes this system stable
and relatively uniformly layered or laminated. Hot spring microbial mats are also excellent habitats in which to apply and
evaluate various contemporary molecular, microscopic, and
microsensor approaches. For example, 16S rRNA-based analyses of hot spring mat communities have revealed the presence
of numerous populations that cannot easily be differentiated
microscopically (11, 33, 50, 52). The well-studied Octopus
Spring mat in Yellowstone National Park in Wyoming contains
two predominant morphotypes: rod-shaped (Synechococcuslike) cyanobacteria and filamentous (Chloroflexus-like) bacteria. However, at least 11 genetically distinct cyanobacterial
populations inhabit the mat (49), 4 of which are known to
share a common Synechococcus-like morphology (11, 51). It is
likely that all the cyanobacterial populations are Synechococcus
shaped, since no other cyanobacterial cell type is observed at
the elevated temperatures where these populations are detected. Several green nonsulfur bacterium-like 16S rRNA sequences have also been detected, and the cells harboring these
sequences may possess similar filamentous morphologies. We
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tion (3, 5, 8, 16, 40). Unfortunately, these gradients are interconnected so that it is difficult to evaluate which of the many
parameters that change with depth (light intensity and spectral
composition, electron donors and acceptors, carbon sources,
etc.) are controlling the vertical distribution.
In this study we combined microsensor, microscopic, and
molecular techniques to investigate the distribution, orientation, and function of microbial populations within vertical
strata of the Mushroom Spring Synechococcus mat during a
diel cycle. Measurement of vertical oxygen concentration profiles every 4 h with a microelectrode revealed zonation of net
photosynthetic activity and gave evidence of photoinhibition of
surface populations. Microscopy and DGGE analysis of 16S
rRNA gene segments performed on cryosections gave evidence of stratification of genetically distinct Synechococcus
populations. Computer-assisted image analysis of transects
through thin vertical slices revealed the presence of oriented
Synechococcus cells in a narrow band residing 400 to 800 m
below the mat surface in all midday samples. This upright
orientation was not observed at any other time points.
MATERIALS AND METHODS
Study site. This study was conducted on 11 and 12 June 1996 at the microbial
mat located in the effluent channel of Mushroom Spring, in the Lower Geyser
Basin, Yellowstone National Park in Wyoming (1). Mushroom Spring is located
approximately 0.5 km from the better-studied Octopus Spring (49). The effluent
waters of the two springs have a very similar composition (N. Ramsing and D.
Ward, unpublished data), and the microbial mats have a very similar appearance.
For this study we chose to work in Mushroom Spring, as the Octopus Spring mat
was severely damaged, presumably by a hailstorm shortly before the investigation. The microbial mats in the effluent channel of Mushroom Spring were
largely unperturbed, possibly because a thicker water layer above the mat (⬎5 cm
in many places) shielded it from the impact of hailstones. The temperature,
oxygen concentration, and pH of the running water above the mat were monitored during the 26-h observation period. Downwelling scalar irradiance of
photosynthetically active radiation of the incident light was measured with a
Lutron model LX-101 lux meter and converted to microeinsteins per square
meter per second after calibration with a LICOR scalar irradiance sensor positioned over a black surface.
Microelectrode measurements. Measurements of oxygen concentration profiles were performed as described by Revsbech and Ward (45). The O2 concentration was measured with a Clark-type O2 microsensor with a guard cathode as
previously described by Revsbech (41). The electrode had a tip diameter of 10
m, a stirring sensitivity of ⬍1 to 2% and a 90% response time of ⬍1 s. The
sensor current was measured with a picoammeter coupled to a strip chart recorder and an analog/digital (A/D) converter. Oxygen concentration was also
determined in water samples from the effluent channel by Winkler titration at
different time points during the diel cycle (21). The oxygen concentration in the
effluent channel measured by Winkler titration and a zero reading in the deep
anaerobic part of the mat was used to make a linear calibration of the electrodes.
The electrode drift during the 26-h measurement period was ⬍1% of the signal.
Net metabolic rate estimates from oxygen concentration profiles. Rates of
oxygenic photosynthesis and aerobic respiration were estimated from the curvature of oxygen profiles. For the sake of simplicity, all metabolic rates pertaining
to oxygen will be counted as positive if oxygen is being produced and negative if
oxygen is being consumed [i.e., if the rates of photosynthesis, P(z), are positive,
rates of respiration, R(z), are negative, and the resulting net metabolism of
oxygen is a sum of photosynthesis and respiration M(z) ⫽ P(z) ⫹ R(z)]. Using this
convention, Fick’s second law of one-dimensional diffusion (7) becomes:
2C共z,t兲
C共z,t兲
⫹ M共z兲
⫽ Ds
t
z2

(1)

where C(z, t) is the oxygen concentration at depth z and time t, Ds is the diffusivity
of oxygen, and M(z) is the net metabolic rate of oxygen production and consumption. An assumption of this formula is that Ds does not change within the
depth range being investigated. For our study, a Ds value of 1.44 ⫻ 10⫺3 mm2 s⫺1
determined in a 1- to 2-mm-thick gelatinous epilithic mat at 25°C (19) was
extrapolated to the value expected at 60°C (3.52 ⫻ 10⫺3 mm2 s⫺1) using published equations (29, 31). Under steady-state conditions, equation 1 becomes
M共z兲 ⫽ P共z兲 ⫹ R共z兲 ⫽ ⫺Ds

2C共z兲
z2

(2)

The net metabolic rate is directly proportional to the second derivative of the
concentration with respect to depth, that is, to the curvature of the profile. As the
measured microprofiles consist of discrete data points with inherent small vari-
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ations, differentiation of the raw data often leads to a very noisy pattern. To
correct for this, we compared the measured concentration profiles to simulated
concentration profiles calculated from activity profiles by integration of equation
2. The activity profile consists of a number of zones with constant activity in each
zone. A simple optimization method was used to find the activity profile that
minimized the difference between the theoretically calculated concentration profile and the measured concentration profile. This procedure was used to find a set
of activity profiles, with an increasing number of zones that described the concentration profile best. Each of these solutions was tested by evaluating the
sensitivity of the solution to additions of noise to the concentration profile. The
activity profile with the highest number of zones yet still robust towards noise
addition was finally chosen (J. Berntsen and N. B. Ramsing, unpublished data).
The uppermost zone of oxygen consumption is not due to microbial activity but
to efflux by molecular diffusion through the diffusive boundary (25). The position
of the mat surface was thus resolved empirically as the lower limit of the
uppermost consumption zone. This normally corresponded to the inflection
point of the first derivative, except in the afternoon sample where the upper
portion of the mat exhibited a net oxygen consumption. The determined surface
position was confirmed by a marked concurrent stabilization of the sensor signal
during measurement (data not shown).
Sample collection. Microbial mat samples were collected at different time
points using a no. 4 cork borer (ca. 8-mm diameter). To preserve the vertical
structure, each core was rapidly frozen by immediately placing it into a small
volume of isopentane that had been precooled in liquid nitrogen (46). The cores
were stored on dry ice during transit and maintained at ⫺20°C in the laboratory
and throughout the thin-sectioning process.
Cryosectioning. A cryostat (2800 Frigcut; Reichert Scientific Instruments, Vashon, Wash.) was used to collect 100-m-thick horizontal sections (i.e., cut parallel to the mat surface) of the mat cores for DGGE analyses. Frozen cores were
mounted for sectioning using a small amount of O.C.T. embedding compound
(Miles Inc. Elkhart, Ind.). The uppermost mat layer (ca. 3 mm) was oriented
toward the blade and was not coated with O.C.T., since initial attempts to isolate
DNA in the presence of O.C.T. failed. Sections that are 50 m thick were shaved
from the upper surface of the core and transferred into 1.5-ml screw-cap microcentrifuge tubes, and two adjacent 50-m-thick sections were combined in each
tube. In this fashion, the first 10 100-m-thick sections of the vertical interval of
mat were prepared for nucleic acid extraction, PCR amplification, and DGGE
analysis. For microscopy, 15- or 40-m-thick vertically oriented (i.e., perpendicular to the mat surface) cryosections of a duplicate mat core were placed on a
microscope slide, fixed with formalin, and mounted in immersion oil as described
previously (40). The slicing was done with the edge of the knife of the cryotome
perpendicular to the surface of the mat sample to avoid spatial distortions in the
vertical plane.
Light microscopy and image acquisition. An Axioskop epifluorescence microscope (Zeiss, Oberkochen, Germany) equipped with plan NEOFLUAR objectives, a HB50 mercury arc lamp, and a Zeiss video camera was used to obtain
microscopic images. The autofluorescence of the cyanobacterial chlorophyl was
clearly visible without staining using a standard epifluorescence filter set (set 15):
green excitation (546 nm) and red emission (⬎590 nm). Digital images from the
video camera were acquired with the built-in frame grabber of a PowerMac 7500
(Apple, Cupertino, Calif.) controlled by the program NIH Image version 1.59.
NIH Image, written by Wayne Rasband, National Institutes of Health (NIH),
Bethesda, Md., is a freeware program available on the internet from the anonymous FTP site zippy.nimh.nih.gov. The image acquisition subroutines used to
acquire images are available on request from N. B. Ramsing. Selected images
were further processed for publication using Adobe Photoshop 3.0 and Canvas
5.0 software.
Analysis of cell orientation. Image-processing methods were used to quantify
changes in cell orientation. The brief description here is expanded upon in
Results where illustrations are provided to further explain the method. Several
images collected along a vertical transect through a mat slice were combined into
one continuous picture of 3,000 by 500 pixels. Small subregions (256 by 256
pixels) of the combined picture were subjected to a two-dimensional fast Fourier
transformation (FFT). The amplitude pattern of the Fourier transform reflects
the predominant intensity variations in the region that was evaluated to determine the average orientation of the principal objects. This was done (i) by
thresholding the amplitude pattern of the two-dimensional Fourier transform
and measuring the orientation of the resulting object by evaluating the bestfitting ellipsoid or (ii) by determining the ratio of the vertical and horizontal
standard deviations of the frequency distribution of the Fourier transform. The
resulting algorithm was implemented in the program NIH image and tested on
different sample images. The custom-made subroutines for measuring cell orientation are available on request from N. B. Ramsing.
Scanning electron microscopy. The block of microbial mat left over after
vertical slicing for light microscopy was evaluated by scanning electron microscopy. Excess O.C.T. embedding medium was removed with a scalpel. The frozen
blocks were then fixed in 2% glutaraldehyde, dehydrated in ethanol, and critical
point dried by sublimation as described previously (36). The specimen was then
coated by Pt sputtering and observed through a JEOL scanning electron microscope, model 840.
DGGE analysis. Cells were lysed by bead beating, and nucleic acids were
extracted with buffered phenol and chloroform mixtures followed by ethanol
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precipitation overnight at ⫺20°C as described elsewhere (9, 12). The extracted
nucleic acids were suspended in 15 l of TRIS-Cl buffer, pH 8.0 (Sigma).
Conditions for PCR amplification of positions 1070 to 1392 of the 16S rRNA
gene, DGGE analyses, and band sequencing were as described previously (12).
Twenty microliters of each PCR mixture was loaded onto each lane of the
denaturing gradient gels. A DGGE analysis of the intact mat (upper ca. 2 mm)
was also performed as previously described (9, 12). Photographic negatives of
DGGE gels were scanned at a resolution of 300 dots per inch (dpi) as previously
reported (12), and images were analyzed using a gel analysis subroutine within
the program NIH Image. The subroutine was based on the “Gel plotting macro”
included in the NIH package. The macro was modified to include the “rolling
rod” background subtraction algorithm (diameter, 50 pixels) and to automate
analysis. The gel analysis subroutines are available on request from N. B. Ramsing. Intensities of both homoduplex and heteroduplex bands were quantified.
Half the intensity value of heteroduplex bands was added to the intensity of each
homoduplex band (12) to obtain a total intensity for each sequence type.

RESULTS
Diel variations in water chemistry. Diel variations in the
physical and chemical parameters of the effluent water above
the sampling site are depicted in Fig. 1A. The flow within the
effluent channel was constant and showed no trace of the
periodic surges known from Octopus Spring (30, 49). The
temperature at the sampling site remained relatively constant
between 60.6 and 62.6°C throughout the investigation. One
notable difference from the Octopus Spring system was a lower
temperature within the large source pool (70°C in Mushroom
Spring compared to 92°C in Octopus Spring) which is covered
with a thick carpet-like photosynthetic mat. The net photosynthesis within the source pool and effluent channel upstream of
the sampling area apparently increase the oxygen concentration within the effluent channels dramatically during the day
(Fig. 1A). However, the oxygen concentration remained well
below the saturation point for atmospheric air at 61°C (approximately 140 mol liter⫺1) at all times. The correlation
between incident light intensity and oxygen concentration in
the effluent channel is depicted in Fig. 1B. The diel cycle of
corresponding measurements shows a notable hysteresis effect
in that the afternoon oxygen concentrations were lower than
the morning ones at a similar light intensity. The pH in the
effluent channel was likewise increased during daylight hours
as would be expected from photosynthetic CO2 uptake, but the
direct correlation with light intensities was less obvious.
Diel variation in oxygen metabolism within the mat. Oxygen
microelectrode concentration profiles indicated that oxygen
production and photosynthesis were occurring at high levels in
the surface layer of the mat during most of the day. Representative oxygen profiles and derived net rates of oxygen consumption and production are depicted in Fig. 2. In the early
morning, when light intensities were still below 500 microeinsteins m⫺2 s⫺1, there was a net oxygen consumption within the
mat and oxygen penetration was only 0.2 to 0.4 mm (Fig. 2,
profile at 6:25 in the morning). However, as the light intensity
increased, the surface mat layer displayed a strong peak of net
oxygen production and a gradual buildup of oxygen within the
mat followed (Fig. 2, profile at 6:50 in the morning). One and
a half hours later, oxygen penetration had increased fivefold
and extended to a depth of about 4 mm; the net photosynthesis
within the mat peaked at around 55 nmol cm⫺3 s⫺1 (Fig. 2,
8:17 profile). As the light intensity increased further, the maximum oxygen concentration within the mat increased to a value
close to or slightly exceeding the ebullition point for pure
oxygen at 61°C (approximately 700 mol liter⫺1) (Fig. 2, 10:20
profile). From then on, the net photosynthesis in the surface
layer was inhibited; however, the net photosynthetic activity of
deeper layers increased (Fig. 2, 12:23 profile), so that the net
photosynthesis of the photic zone remained remarkably constant (Table 1). As the zone of maximum activity shifted down
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into the mat, the vertical concentration gradient out of the mat
became less steep and the oxygen efflux through the diffusive
boundary layer above the mat was reduced. The net export of
oxygen from the mat to the overlaying water was thus reduced
somewhat as the day progressed (Table 1). The maximum
oxygen export recorded was 0.9 nmol cm⫺2 s⫺1 at 8:17 decreasing to 0.7 nmol cm⫺2 s⫺1 at 15:26. It should be noted that the
uppermost consumption zone, which corresponds to efflux by
molecular diffusion through the boundary layer, has a constant
thickness. This agrees well with the constant water flow above
the mat and confirms the correct identification of the position
of the mat surface.
Microscopy of vertical cryosections. Microscopic examination of the green surface layer revealed a dense population of
Synechococcus-shaped cyanobacterial cells with an abundance
of nonfluorescent filamentous cell forms resembling Chloroflexus sp. To evaluate the vertical distribution of these cells at
different times of the day, we prepared a series of six 40-mthick vertical slices of mat material obtained every 2 h by
cryosectioning rapidly frozen samples. Figure 3A shows a representative microscale bright-field photograph of a cross section of the upper 2 mm of the mat. Figure 3B is the same field
viewed by epifluorescence microscopy. Sections (15 m thick)
of the mat samples were evaluated at higher magnifications.
The enlarged views of the upper 900-m portions of the
autofluorescence images at 00:00 (Fig. 3C) and at 14:00 (Fig.
3D) indicate that lamination was present throughout this interval. Prominent features included a diffuse layer of dimly
autofluorescent Synechococcus-shaped cyanobacteria extending from the top of the mat to a depth of about 400 m. A layer
of an apparent abiotic mineral precipitate, extending from 400
to 500 m was also visible in bright-field images (Fig. 3A).
Particularly notable was a densely packed layer of brightly
autofluorescent Synechococcus-shaped cyanobacterial cells extending from 400 to 700 m. Deeper, thin autofluorescent
layers were also apparent in some areas of some vertical sections (e.g., Fig. 3B).
It was evident that the surface of the mat, as well as the
deeper laminations, were not completely planar, though we
tried to select sampling sites with a smooth surface and a
homogenous mat. The surface topography can be evaluated
from vertical slices, such as that shown in Fig. 3A. This topography imposes a problem when attempting to obtain horizontal
mat slices corresponding to a given depth by use of a cryostat.
The surface topography and unevenness of the underlying laminations reduce the vertical resolution obtained in individual
horizontal mat slices, as each slice will contain mixtures of cells
from different vertical layers.
Vertical stratification of genotypes. The results of the
DGGE analyses of the horizontal cryosections presented in
Fig. 4A reveal stratification of 16S rRNA-defined populations.
The lane labeled homogenized mat shows the DGGE profile
generated using DNA extracted from the intact 2.0-mm surface layer. The major bands identified by 16S rRNA sequencing are indicated along the sides of the gel. All sequences
detected in this section of Mushroom Spring mat matched
those that have been previously detected in similar temperature regions of the Octopus Spring mat (9, 12). The sequences
of bands A and B⬘ are cyanobacterial, that of band C is green
nonsulfur bacteria-like, and that of band E⬙ is green sulfur
bacteria-like. Bands AB⬘, near the top of the gel, are heteroduplex PCR products that form during the PCR by annealing
between single strands of types A and B⬘, which have high
sequence similarity (12). The adjacent lanes (Fig. 4A) are
DGGE profiles generated from 100-m-thick cryostat sections
through the vertical aspect of the mat. The B⬘ band appeared

FIG. 1. Diel variation in water chemistry above the 61°C cyanobacterial mat in Mushroom Spring Yellowstone National Park in Wyoming. (A) Changes in oxygen
concentration, pH, temperature, and light intensity over the course of a day. The time span from sunset to sunrise is indicated by gray shading. (B) Correlation between
oxygen concentration and light intensity, indicating lower net photosynthetic oxygen production in the afternoon. Reference time points are noted on the graph. Arrows
indicate direction of progression during the diel cycle. Error bars show 95% confidence limits for the mean values reported. E, microeinsteins.
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FIG. 2. Vertical stratification of metabolic processes within the Mushroom Spring 61°C Synechococcus mat from early morning to midafternoon. The small solid
circles are the measurement points of in situ oxygen concentration profiles recorded at different times of the day with microelectrodes. The bars show the calculated
net rates of oxygen production and consumption based on the observed concentration profiles and a simple diffusion model using a constant diffusion coefficient.
Negative values indicate net consumption. The thin lines show the modeled concentration profiles according to the activity zonation indicated by the bars.

more intense in the upper sections of the mat, while the others
appeared more intense with depth. The differences were
readily visible when plotting the intensity curve of each lane in
a scan of a gel image (not shown). Individual bands were
displayed as prominent peaks whose area could be quantified.
Digitized images not only permitted quantification of band
intensities but also summing of homo- and heteroduplex bands
to account for all PCR products of a specific sequence type
(12). Figure 4B presents graphs of the summed intensities of
DGGE bands containing A, B⬘, C, and E⬙ 16S rRNA gene
segments along the vertical interval through the top 1 mm of
mat sampled at 04:00. The intensity of cyanobacterial band B⬘
was highest in the upper 500 m of the mat and then decreased
gradually below 500 m (Fig. 4B). The intensity of the cyanobacterial band A was high in the interval from 400 to 800 m
TABLE 1. Net oxygen production within the photic zone, efflux to
the overlaying water, and export to the underlaying mat from
daybreak to the early afternoon
Flux of oxygen from photic zone

Time of
daya

Net photosynthesis
within photic zone
(nmol cm⫺2 s⫺1)b

To overlaying water
(nmol cm⫺2 s⫺1)

To underlaying mat
(nmol cm⫺2 s⫺1)

6:25
6:50
8:17
10:20
12:23
15:26

⫺1.4c
0.46
1.11
1.08
1.09
1.04

⫺0.14d
0.27
0.91
0.85
0.81
0.75

⫺
0.19
0.20
0.23
0.27
0.29

a
Listed time points are corrected for daylight-saving time, such that the sun
was at the zenith around 12 noon.
b
The photic zone is defined as the zone where there is a net photosynthesis
(i.e., the second derivative of the oxygen concentration profile is negative).
c
The light intensity at daybreak was too low to give rise to a net photosynthesis. The net photosynthesis is thus the net formation rate within the mat,
which is negative, as oxygen is being consumed by respiration.
d
The flux of oxygen from the mat to the overlaying water is negative, indicating a net flux of oxygen from the overlaying water to the mat.

and was maximal in the 500-to-600-m interval. The highest
intensities of band A coincided with the interval over which the
intensely fluorescent lower cyanobacterial layer was observed
(compare Fig. 3B and C with Fig. 4B). The relative distributions of A and B⬘ bands are nicely reflected in the two heteroduplex bands AB⬘ on Fig. 4A. The maximum intensity of the
heteroduplex bands is found at depths where both B⬘ and A
populations co-occur. The green sulfur bacteria-like band E⬙
was below detection in the first 300-m interval, but its intensity increased to a maximum in the 400-to-500-m interval and
gradually decreased with depth. The green nonsulfur bacterium-like band C was below detection in the upper 100-m
interval, but its intensity gradually increased to a maximum
over the 700-to-800-m interval and decreased slightly over
the 800-to-1,000-m interval.
Does diel migration occur? The stratification of cyanobacterial morpho- and genotypes was remarkably constant during
the 26 h of investigation (as exemplified in day-night comparisons in Fig. 3 and 4). Only minor differences between individual samples were observed, but no large-scale changes in the
banding patterns could be discerned. We were thus unable to
detect any reproducible diel migration of cyanobacterial morpho- or genotypes within the 26-h investigation.
Vertical midday reorientation of cyanobacteria in a defined
band within the mat. A close inspection of vertical transects
through the mat assembled from a continuous collage of microscopic images revealed an apparent reorientation of the
cells within a narrow band found at a depth of 400 to 800 m
at midday. The cyanobacteria were randomly oriented at all
positions within the mat, except for the four midday transects
(obtained from 10:00 to 14:00). In these transects, a 100- to
200-m-thick subsurface band of vertically oriented Synechococcus cells (e.g., Fig. 3D) was observed. The degree of orientation and the exact depth interval (ranging from 400 to 800
m below the surface) at which the band was found differed
between the investigated transects. The prominent band of
vertically oriented cells was not observed in any of the seven
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FIG. 3. Images from 40-m-thick vertical slices through a 61°C Mushroom Spring microbial mat sample at midnight (0:00) shown under bright-field (A) and
epifluorescence (B) microscopy. (C) Enlarged view of epifluorescence image at midnight (0:00). (D) Enlarged view of epifluorescence image at 14:00. The boxed area
in panel D is shown at a higher magnification in Fig. 5A.

transects obtained at other times of day. To objectively evaluate the cell orientation, we used quantitative image analysis. It
was impossible to delineate single cells and measure their
individual orientation using Marr-Hildreth or other conventional detection algorithms (e.g., see reference 38) due to the
thickness of the evaluated mat slices (20 m). Instead, we
developed a novel algorithm based on an evaluation of the
two-dimensional FFT of randomly chosen areas of 256 by 256
pixels along the original transect. The method is illustrated in
Fig. 5. Panel A is an enlarged area from the transect shown in
Fig. 3D. The average intensity profiles of the central region of
the investigated area in horizontal and vertical directions are
shown along their appropriate axes. Figure 5B shows the horizontal intensity profile of the rectangular area delineated by
long white dashes. Figure 5C shows the vertical intensity profile of the area delineated by short dashes. Note how the
horizontal intensity profile (Fig. 5B) contains many high-frequency oscillations, as it is perpendicular to the predominant
cell orientation. The vertical intensity profile (Fig. 5C) contains
more low-frequency oscillations as it is parallel to the cell

orientation. The FFT of the investigated area (Fig. 5D) thus
has a higher amplitude in the high-frequency domain along the
horizontal axis than along the vertical axis. The amplitude
profiles of the FFT in horizontal and vertical directions (corresponding to the black rectangles in the figure) are shown in
Fig. 5E (long dashes) and F (short dashes), respectively. A
predominant vertical cell orientation is thus reflected in a
larger variance in the amplitude distribution along the horizontal axis (Fig. 5E) than along the vertical axis (Fig. 5F). We
can therefore evaluate the average cell orientation without
delineating single cells by thresholding the FFT picture and
measuring the orientation of the resulting ellipsoid. If the cells
are pointing in random directions, the ellipsoid will be circular;
however, if the cells are mostly pointing in a particular direction, then the ellipsoid will be oriented perpendicular to the
cell orientation. Alternatively, if we are interested only in discriminating between vertically and horizontally oriented cells,
we can use the ratio between the standard deviation of the FFT
in the vertical direction to that in the horizontal direction.
Clearly, the width of the central peak in the FFT amplitude
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significantly different from the ratio of 1.0 expected for randomly oriented cells. Three explanations for this finding can be
envisioned: (i) horizontal noise in the acquired digital images
of the biofilm due to interlacing of TV frames, (ii) a general
slight preference for a horizontal cell orientation for all cells in
the mat environment, and (iii) cutting artifact due to a cutting
angle perpendicular to the mat surface. The stability of the
ratio enabled us to identify layers where the cells are not
randomly oriented. The predominantly vertical orientation of
cells in deeper layers in the midday samples is reflected in a
conspicuously low ratio of standard deviations. The change in
ratio is small, but analysis of artificial test pictures with strongly
oriented rectangular-shaped objects (e.g., vertical ⫾30°)
showed an equivalent and moderate change in the ratio. In
some noon transects, we found evidence of a layer of horizontally oriented cells above the vertically oriented cells. A total of
11 transects from different mat samples were analyzed. Of
these, only the four samples obtained around noon showed
signs of vertically oriented cells (one at 10:00, two at 12:00, and
one at 14:00). The remaining samples (two at 0:00, two at 6:00,
one at 16:00, and two at 18:00) gave no strong indication of
oriented cells at any depth. We have included transects
through two different samples obtained at 12:00 in order to
show the sample to sample variation in band position.
We confirmed the orientation of the cells by scanning electron microscopy as shown in Fig. 7. Figure 7A shows the
surface of the mat containing sausage-shaped Synechococcus
and filamentous cells viewed from above. Figure 7B shows
randomly oriented Synechococcus cells in a cut mat ca. 100 m
beneath the surface. Figure 7C shows vertically oriented Synechococcus cells 700 m below the surface. Finally, Fig. 7D
shows the undermat, seen from below. It is evident how the
filaments closely knit the mat together and provide tensile
strength.
DISCUSSION

FIG. 4. Vertical distribution of 16S rRNA-defined genotypes in the 61°C
Mushroom Spring microbial mat. (A) DGGE gel of the upper 2-mm cyanobacterial layer and of 100-m-thick horizontal cryostat sections through the upper 1
mm of the mat’s surface layer sampled at 04:00. Single letters correspond to
Octopus Spring 16S rRNA sequence types: A and B⬘, cyanobacterial; C, green
nonsulfur bacteria-like; E⬙, green sulfur bacteria-like. AB⬘ bands are heteroduplex molecules (see text). (B and C) Bar graphs show the intensities of individual
DGGE bands shown in panel A with depth from samples collected at night
(04:00) (B) and at noon (12:00) (C). The intensities are depicted in arbitrary
units (A.U.).

profile in Fig. 5E is greater than that of Fig. 5F. This can be
quantified by calculating the standard deviation of the peak in
each amplitude profile. If the cells are predominantly vertically
oriented, then the standard deviation of the vertical profile
(Fig. 5F) divided by the standard deviation of the horizontal
profile (Fig. 5E) becomes less than one. Both analysis methods
were employed and gave similar results showing almost randomly oriented cells at all depths except for a 100- to 200-mthick band found within the depth range from 400 to 800 m
in all midday samples. Within this band, the cells appeared to
be predominantly vertically oriented (i.e., standing on ends
within the mat).
The average ratios at different positions down through the
mat are depicted in Fig. 6, with error bars indicating 95%
confidence limits. The measured ratio is very stable with an
average value of 1.015 at most depths. The average value is

We observed several differences in physiology and behavior
associated with Synechococcus cells that are distributed at different depths in the Mushroom Spring mat community. Oxygen microprofiles demonstrated the dynamic nature of chemical gradients that develop in a microbial mat during the diel
light cycle. By calculating the vertical distribution of net metabolic activities that are required to produce such profiles,
these profiles revealed microbial activities (25) that are markedly different in different parts of the mat. Our interpretation
of these profiles requires an accurate surface determination,
which is difficult to obtain for in situ measurements, yet the
chosen criteria were confirmed by a concurrent stabilization of
the sensor signal when entering the mat and by the constant
thickness of the diffusive boundary layer above the mat surface.
The net photosynthesis within the surface layer of the mat
increases dramatically with light intensity early in the morning,
but around noon, the net activity in the uppermost surface
layer (above 300 m) is strongly reduced. This might be due to
UV damage (3, 14, 15, 30) and/or to increased photorespiration as CO2 becomes depleted and the pH and oxygen concentration increase (19). The recent study by Miller et al. (30)
using cell suspensions from a comparable site in the nearby
Octopus Spring with an average temperature of 70°C indicated
that UV inhibition reduced the photosynthetic rate by about a
third compared to UV-shielded incubations. This agrees well
with our observations. The noon to afternoon inhibition of
photosynthesis is reflected in the oxygen contribution by the
mat to the overlaying water being higher in the morning than
in the afternoon at the same light intensity (i.e. the hysteresis
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FIG. 5. Estimating average cell orientation in the Mushroom Spring 61°C mat at 14:00 based on a two-dimensional fast Fourier transformation and subsequent
analysis of the frequency distribution. (A) High magnification of part of a vertical transect through a 14:00 h sample (same as the boxed region of Fig. 3D). (B)
Horizontal intensity profile through the part of panel A delineated by the horizontal rectangle. (C) Vertical intensity profile through the part of panel A delineated
by the vertical rectangle. (D) Amplitude of Fourier transform of panel A. (E) Horizontal amplitude profile through horizontal rectangle in Fourier transform shown
in panel D. (F) Vertical intensity profile through vertical rectangle in Fourier transform shown in panel D. For more extensive explanation, see Results.

effect in Fig. 1, oxygen concentration profiles in Fig. 2, and
efflux to overlaying water in Table 1). The upper 200 m of the
mat developed a high net oxygen production in the early morning (Fig. 2, 8.17 profile) which disappeared around noon (Fig.
2, 10:20 and 12:23) to be replaced by a net oxygen consumption
in the early afternoon (Fig. 2, 15:26). As the zone of maximum
net photosynthesis shifted down through the mat, the longer
diffusive pathway for effusive oxygen through respiring mat
layers reduced the oxygen efflux from the mat (Table 1). However, the overall inhibition of net photosynthesis (Table 1) was
not nearly as dramatic as the decline in photosynthetic rates in
the afternoon observed by Miller et al. (30). The discrepancy
may be due to the fact that we studied a thick mat, whereas
Miller et al. studied a thin biofilm, or to the approximately
10°C difference in average temperature. It also seems possible
that differences might relate to sample treatment. Miller et al.
studied homogenized samples, whereas our measurements
were made in situ. Our previous DGGE results suggested that
in some cases two cyanobacterial populations co-occur in the
biofilm (12). If, as in the mat we studied, one of these populations is acclimated or adapted to low light intensity and/or
UV irradiation, it may have been inhibited by exposure to high
light intensity or UV light during incubation.
The net photosynthetic activity in deeper layers of the mat
(below 300 m) is apparently not inhibited by the high light
intensities around noon, possibly due to a more adequate CO2
supply from below (28) and an absence of harmful UV irradiation below the first few hundred micrometers as the UV light
is rapidly attenuated by light scatter and absorption (25–27).
Marked stratification of cell morphotypes in recognizable
layers revealed by microscopy and the brighter autofluorescence of the cells in the deeper layer also strongly suggest that
the Synechococcus cells residing deeper in the mat are different
than those nearer the mat surface. Without genetic information, this could be interpreted either as acclimation of one

genetic population or as adaptations of more than one genetic
population. The vertical variations in cyanobacterial DGGE
band intensities correlated well with the phenotypically different Synechococcus populations observed at different depths,
suggesting that they are genetically distinct populations that
are adapted differently to the unique microenvironments in the
upper and lower regions of the 1-mm-thick green layer. The ca.
5% difference between the 16S rRNA sequences of B⬘ and A
populations is sufficiently large to consider them different species, but the ecological uniqueness of these populations seems
a more natural way to make such a distinction (48). Two
technical problems could weaken the inference that ecologically distinct Synechococcus populations occur at different
depths in the mat. One is the known difficulty associated with
preferential amplification of certain templates in a complex
mixture (i.e., PCR bias [47]), which makes it impossible to
enumerate populations in the environment based on absolute
intensities of PCR-amplified bands on a DGGE gel. The second problem is that due to the uneven contours of the Mushroom Spring mat laminations (see surface of vertical slice in
Fig. 3), cryosectioning did not result in exact separation of
extracted nucleic acids originating from visibly prominent layers. Because of the mixing of natural laminations, the intervals
over which the populations are actually distributed are probably less broad than the results indicate. The observed correlation between genetic and physiologic populations is nevertheless compelling. A similar correlation has been observed with
marine Prochlorococcus populations associated with the surface or with the deep chlorophyll maximum (10) which have
been shown to be genetically distinct populations uniquely
adapted to high or low light intensities (32).
Since our work was conducted in Mushroom Spring, local
spring-to-spring population distributions could be compared.
Mushroom Spring is located over a small rise approximately
0.5 km from Octopus Spring. The mats in the effluent channels
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FIG. 6. Orientation of Synechococcus cells with depth in the Mushroom Spring 61°C mat expressed as the standard deviation of the Fourier transform in the vertical
plane divided by the standard deviation of the Fourier Transform in the horizontal plane. Two different transects through a noon sample (12:00) show sample-to-sample
variation. The micrographs above the analysis result are sample pictures taken at the depths indicated by black squares in the representative analysis profiles. The
dashed lines represent the overall average ratio of 1.015. Values of ⬍1.015, accentuated by the shaded area in the midday transects, denote the presence of vertically
oriented cells.

of the two springs are indistinguishable in most respects. One
notable difference is the absence of temperature fluctuations at
Mushroom Spring. The temperature at the Mushroom Spring
study site in this experiment did not vary by more than 1°C
from 61°C. Most sites in the Octopus Spring effluent channel
experience cycling on the order of 5° or 10°C over a severalminute interval (9). Still, the DGGE profiles and the 16S
rRNA sequences recovered from the Mushroom Spring site
were indistinguishable from those detected in a site with temperatures of 53 to 63°C in the Octopus Spring mat (12). Previous DGGE studies on the Octopus Spring effluent channel
mat have shown that these same populations occupy defined
intervals along the thermal gradient as well (12). Interestingly,
two or more cyanobacterial populations were observed at each
temperature-defined site in the Octopus Spring study, but because of the periodic temperature fluctuations in this system
(see below), the coexistence of multiple cyanobacterial populations (9, 12) might be explained by the short-term availability
of adequate growth temperatures for each population. This
explanation now seems unlikely, given the co-occurrence of the
A and B⬘ type populations at the stable 61°C site in this experiment. It seems more probable that cyanobacterial populations coexist within the same temperature range because each
is adapted to fill niche space created by light and/or chemical
gradients within the vertical aspect of the mat. That is, specialization to both temperature and parameters that vary in the
vertical aspect of the mat (possibly light intensity) explain the
diversity of 16S rRNA-defined genetic populations observed in

such mats. There is microelectrode evidence of the existence of
multiple temperature-adapted populations of oxygenic photosynthetic populations within the upper 300-m layer of a single
Octopus Spring mat sample (M. Kühl, unpublished data). If, as
in Mushroom Spring, there is only one 16S rRNA-defined
genotype present in this layer (i.e., type B⬘), these temperature-adapted populations may have identical 16S rRNA sequences. We have used the intervening transcribed spacer region that separates the 16S and 23S rRNA genes to detect
multiple genetic variants with the type B⬘ 16S rRNA sequence,
and we are currently examining their temperature distributions
(T. Papke, unpublished data).
Movements of mat microorganisms in response to diel
changes in light availability are well-known (3, 16) and we have
recently reported on the motility of Synechococcus spp. (39).
Hence, we searched for diel variations in the cyanobacterial
distribution within the mat, but we were unable to detect any
mass migration by molecular methods or by microscopy. Distribution differences between samples retrieved at different
time points were observed, but we did not find a consistent
pattern of temporal mass migrations. The unexpected detection of vertically oriented cyanobacteria in a defined layer
more than 400 m below the mat surface in all midday samples, but in none of the other samples, may reveal what physicochemical factor controls vertical zonation of Synechococcus
populations in the hot spring microbial mats. Diel reorientation of chloroplasts within plant cells to optimize photosynthesis and reduce photic damage at peak light intensities is well
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FIG. 7. Scanning electron microscopy picture of vertical cryosections of samples from the Mushroom Spring 61°C mat collected at noon. (A) Surface view
with randomly oriented sausage-shaped Synechococcus cells. (B) Area near the
surface (approximately 100 m deep) also showing randomly oriented cells. (C)
Vertically oriented Synechococcus cells found 700 m below surface (D) Network of filamentous Chloroflexus-like organisms in undermat viewed from below.
The scale bar in panel D applies to all panels.
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established (reviewed in reference 22). In leaves, self-shading
and light tunneling can reduce the light intensity impinging on
light-saturated photosystems, if the chloroplasts are concentrated on the cell walls parallel to the direction of the incident
light. However, even among small unicellular algae, where
self-shading effects are presumed to be negligible, an upright
orientation of motile epipelic diatoms around noon on sediment surfaces (23) was observed. Absorption of light by the
photosystems is more efficient if the incident light is perpendicular to the photosynthetic membrane (22). An organism
that reduces the amount of photosynthetic membranes that is
perpendicular to the incident light by reorienting itself will
reduce the photon load on its photosystems and possibly avoid
damage by excessive radiation. The photosynthetic membranes
of Synechococcus sp. are oriented parallel to the cell wall (4).
When the rod-shaped cells assume an upright position in the
mat, most incident photons will be parallel to the photosynthetic membranes and thus less likely to cause photorespiration within photon-saturated photosystems.
Changing cell orientation within a mat matrix is likely to be
a very efficient way to avoid photic damage due to excess light.
It would be an energy-efficient alternative to vertical mass
migration through a gelatinous densely packed mat matrix. It
would be well suited for small unicellular organisms that possess a relatively inefficient “wriggling” motion such as has been
described for thermophilic Synechococcus sp. (39). Short random walks would eventually reorient the cells into an optimal
orientation. We thus propose two mutually exclusive strategies
for cyanobacteria to cope with daily changing light intensities
in mat communities. One, mass migration, is most effectively
accomplished by long filamentous cyanobacteria that sometimes even lay down “tracks” in the form of slime sheaths, that
ensure a directional movement. The alternative strategy requires relatively short rod-shaped cells reorienting themselves
relative to the incident light field without mass migration. It
should be noted that the surface population of Synechococcus
sp. does not reorient during the diel cycle, though the surface
populations are sensitive to light, as indicated by the hysteresis
effect shown in Fig. 1B and the net photosynthesis measurements shown in Fig. 2.
Assuming that the cells in the narrow band between 400 and
800 m below the surface reorient themselves in noon samples
to avoid saturation of their photosystems, we are led to two
hypotheses. First, the Synechococcus cells within the band
where the cells reorient constitute a unique species compared
to overlying Synechococcus populations. Because the light intensity is higher above the band, the cells nearer the surface
would have even more reason to reorient at midday. The cell
type found at the surface must thus be a different organism.
The “reorienting cells” have more light than they can cope with
around noon. They would thus have no advantage of living
higher in the mat and there is no indication of competition with
the species living above it. Second, the distribution of the
reorienting cell type is controlled directly by the available light
field, and not indirectly by a related parameter such as oxygen
or CO2 concentration, as the observed reorientation of the
cells would not change the chemical microenvironment to
which the cell is exposed.
To evaluate the proposed hypotheses, we need more information on the available light field within the mat at different
intensities and depths below the mat surface. Direct measurements of the light field within the mat, made at high spatial
resolutions using fiber-optic microprobes that measure radiance, irradiance, and scalar irradiance must be obtained before
correlations between light gradients and population distributions can be evaluated (27). Detecting UV screening mole-
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cules, such as scytonemin (13) or mycosporine-like compounds
(14) among cultivated Octopus Spring isolates might also provide evidence to support the hypothesis that these populations
are differentially adapted to light (15, 39).
Vertical stratifications of cyanobacterial and other bacterial
populations have been demonstrated at the microscale in microbial mats where cell shape permits populations to be differentiated, such as those in the hypersaline mats of Guerrero
Negro, Baja California Sur, Mexico (3, 8, 34). Additional layers
in the Mushroom Spring mat beneath the green surface layer,
which appeared orange or peach in color, were evident in the
bright-field image (Fig. 3A). It has been reported that Chloroflexus aurantiacus commonly forms an orange, photoheterotrophic layer under the cyanobacterial layer in many nonsulfidic hot spring mats (18, 44). Although the 16S rRNA
sequence of C. aurantiacus was not observed in this study,
another sequence, Octopus Spring type C, belonging to the
phylogenetic lineage containing the green nonsulfur bacteria,
was detected. The intensity of the type C DGGE band was
greatest at depths from about 700 to 1,000 m, which was
below the cyanobacterial layers. This agrees well with the zonation observed by scanning electron microscopy indicating an
increasing abundance of filamentous bacteria with depth which
become predominant below 1 mm (Fig. 7). A similar pattern
over a 1-mm interval, showing multiple stratified cyanobacterial populations above deeper Chloroflexus populations, has
been observed in electron microscopy profiles of the Guerrero
Negro hypersaline mats as well (8). Perhaps the presence of
the type C population at depths below that of the cyanobacterial layers indicates adaptation to infrared light. The green
sulfur bacterium-like population E⬙ distribution appears to be
similar to that of the type A cyanobacterial population. It is
virtually absent from the uppermost mat samples. The peak
band intensity is found between 300 and 600 m below the
surface and the intensity decreases at greater depth. The physiological role of this population cannot be inferred, as the
sequence falls just outside the monophyletic clade including all
known green sulfur bacteria (35). Nevertheless, it is interesting
that similar vertical positioning of (16S rRNA-detected) oxygenic phototrophic bacteria, green sulfur bacterium-like, and
green nonsulfur bacterium-like bacteria has been observed in
the marine (open ocean) environment, albeit over a much
greater depth interval (17, 20).
Our results reveal a highly ordered vertical structure in the
60°C cyanobacterial mat in Mushroom Spring, with distinct
species occurring within different microenvironments in the
upper 1-mm depth interval. In contrast to mats constructed by
motile filamentous cyanobacteria, Synechococcus populations
with unique adaptations to light appear to be spatially fixed at
different vertical intervals, though at least one low-lightadapted population is able to change cell orientation to minimize light exposure. These results indicate that both light and
temperature specialization may explain the adaptive radiations
of closely related cyanobacterial populations inhabiting such
mats, previously attributed to temperature specialization alone
(12). In interpreting the significance of clusters of closely related genetic populations, it is wise to keep an open mind as to
the variety of environmental variables that might have driven
diversification. Similar vertical patterns have been observed in
preliminary microscopic studies of lower and higher temperature sites in the Mushroom Spring cyanobacterial mat, but
additional studies are needed to establish whether light adaptations explain the co-occurrence of other cyanobacterial populations detected by their 16S rRNA sequences in samples
from these temperatures. One consequence of analyses of microscale vertical microbial mat structure is that the position at
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which photosynthesis occurs varies with light intensity during a
diel cycle, which in turn affects the transport of O2 between the
mat and the water above. Another is that experimental approaches that disrupt such natural positioning may lead to
measurement error.
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